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Protein nanorotors control the size of lipid domains in 
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H I G H L I G H T S G R A P H I C A L  A B S T R A C T

• ATP synthase protein nanorotor selec
tively localizes within cardiolipin-rich 
lipid phases.

• Rotation enlarges protein–rich domains 
and contracts protein-devoid domains.

• Size modulation follows the 2D Young- 
Laplace law via a protein-driven lateral 
pressure drop.

• Inhibiting rotation prevents size regula
tion, confirming activity-dependent 
control.

• Size modulation is triggered by surface 
pressure imbalances as low as 10− 9 N/ 
m.
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A B S T R A C T

Hypothesis: Phase separation in lipid membranes leads to the formation of distinct lipid domains, which are 
influenced by kinetic factors and interfacial phenomena. While line tension has been considered a key deter
minant of domain size, studies suggest that kinetic effects play a significant role. We hypothesize that modifying 
in situ the surface pressure difference between coexisting lipid phases can regulate domain size. Specifically, the 
rotational activity of ATP synthase embedded in a specific phase may induce local changes in the lipid surface 
pressure, triggering the change in domain size.
Experiments: To test this hypothesis, ATP synthase was incorporated into phase-separated lipid monolayers by 
leveraging its specific interaction with cardiolipin (CL). The ATP synthase assembly and its co-localization within 
CL-rich phases were characterized to assess the enzyme’s role in domain modulation. The effect of rotational 
forces on phase dynamics was analyzed, with particular attention to the change in size of protein-enriched and 
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protein-devoid lipid domains. The system was characterized using fluorescence video microscopy and quanti
tative analysis of domain contour fluctuations.
Findings: Upon ATP addition, protein-enriched domains increased in size, while protein-devoid domains con
tracted. The observed changes followed the 2D Young-Laplace equation, where the spinning motion of ATP 
synthase reduces the lateral pressure in the protein-enriched phase. The unbalanced surface pressure between 
phases drives the domain size modulation; which is sensitive to variations in the surface pressure difference 
between lipid phases as small as 10-9N/m. These findings show that ATP synthase activity can dynamically 
regulate lipid phase separation by modifying interfacial properties and kinetic constraints.

1. Introduction

Phase separation in lipid membranes occurs when different lipid 
species segregate into distinct domains [1]. The formation of lipid do
mains occurs in two particular steps. Initially, during the nucleation 
phase, fluctuations within a uniform lipid medium lead to the emer
gence of small nuclei of a new phase. If these nuclei exceed a critical size, 
they continue expanding by absorbing material from the surrounding 
membrane. As this process develops, the concentration of the contin
uous phase decreases, eventually preventing the formation of additional 
nuclei. The kinetics of phase separation is extremely rapid, occurring 
within 10-4 s and 10-3 s for nucleation and growth stages, respectively 
[2]. Interestingly, both timescales are independent of the area fraction of 
the forming phase. Consequently, the resulting domain size distribution 
can be heterogeneous. In other words, the number and size of domains 
are influenced by how abruptly the system reaches a specific point in the 
surface pressure–temperature (π − T) phase diagram. Faster transitions 
lead to the development of more nuclei. For instance, increasing the 
compression rate of a lipid monolayer has been shown to increase the 
number of domains formed [3]. Likewise, the rate at which the critical 
temperature is reached plays a crucial role in domain formation [4].

After stabilization, mass redistribution within the system may occur 
over extended timescales (ranging from minutes to hours) through two 
primary mechanisms: Ostwald ripening and coarsening. Both processes 
are governed by the 2D Young-Laplace equation, Δπ =

γ
R0

, where Δπ 
represents the surface pressure difference across the two phases (higher 
inside; i.e. Δπ = πi − πo), γ is the line tension of the interface and R0 is the 
radius of the lipid domain. In systems with a broad distribution of 
domain sizes, excess line energy drives the minimization of total inter
facial energy, favoring complete phase separation and reducing the 
contact border between phases to its minimum extent. Ripening occurs 
as smaller, high-energy domains dissolve and transfer their material to 
larger, more stable domains, promoting their growth. In contrast, 
coarsening involves the merging of neighboring domains. The coales
cence of domains depends on their mobility and the strength of their 
long-range repulsive interactions, both of which vary across different 
membrane models. As a result, domains can merge into one large 
domain within seconds in unilamellar vesicles [5], whereas in mono
layers, merging of domains may take hours. Thus, domain distribution 
remains stable in monolayers for extended periods due to differences in 
dipole density between lipid phases [6,7]. This slow evolution of lipid 
domains makes it difficult to distinguish kinetically trapped states from 
equilibrium phases.

Since line tension determines the energy cost of increasing interfacial 
contact, it should play a key role in defining domain size. Similar to its 
3D analogue, line tension depends on phase composition and mixing 
ability. In lipid membranes, hydrophobic mismatch between coexisting 
phases correlates with domain size in model bilayers [8,9]. Specifically, 
higher hydrophobic mismatch might lead to higher line tension and 
smaller domains. Also, the addition of the so-termed “lineactants” or 
hybrid lipids to the lipid mixture regulates domain size by diminishing 
the interfacial tension and hence reducing the packing incompatibility 
[10,11]. However, some studies show that reducing line tension by an 
order of magnitude through “lineactant” incorporation does not signif
icantly alter size distribution [9,12], suggesting that domain size is 

influenced by kinetic factors as well. To better control lipid domain size, 
we hypothesize that altering surface pressure differences across phases 
could provide precise regulation. Specifically, we propose designing a 
driven system in which functional proteins are incorporated within a 
specific phase, allowing their activity to selectively influence only one 
phase of the lipid system.

Among protein-based machines, F1Fo-ATP synthase (ATP synthase) 
is the most crucial biological motor with rotational movement [13]. 
Found in the inner mitochondrial membrane of eukaryotes and the 
plasma membrane of prokaryotes, ATP synthase synthesizes adenosine 
triphosphate (ATP) — the cell’s primary energy molecule — through 
oxidative phosphorylation [14]. This process involves the rotation of the 
membrane embedded Fo domain, driven by a proton gradient that is 
produced by the electron transport chain. The enzyme converts adeno
sine diphosphate (ADP) and inorganic phosphate (Pi) into ATP. 
Remarkably, the motor is reversible, prompting the reverse rotation 
with excess of ATP [15].

The rotation of ATP synthase’s Fo domain not only powers ATP 
production but also influences the surrounding lipid bilayer, affecting its 
structural and elastic properties. Similar to macroscopic spinners 
[16,17,18], membranes with protein nanorotors exhibit emergent ef
fects [19,20]. Importantly, the spinning movement ATP synthase can 
induce local deformations and changes in membrane surface pressure 
[21], which affect the overall elasticity of the lipid membrane, pro
ducing non-equilibrium membrane fluctuations [22] or the curvature 
sorting of rotating proteins [23]. This ability makes ATP synthase a 
suitable candidate to test the impact of rotating forces in phase- 
separated membranes.

The paradigmatic lipid composition for phase separation in lipid 
monolayers typically involves a mixture of a high-melting-temperature 
saturated lipid such as dipalmitoylphosphatidylcholine (DPPC), a low- 
melting-temperature unsaturated lipid such as dio
leoylphosphatidylcholine (DOPC), and cholesterol, forming liquid- 
ordered (Lo) and liquid-expanded (LE) phases [24]. Building on the 
classic lipid mixture used to study phase separation, a new composition 
incorporating heart bovine cardiolipin (CL) offers additional insights 
into membrane-protein interactions. CL, a negatively charged phos
pholipid with four fatty acid chains, binds specifically to ATP synthase 
[25,26]; which might facilitate the targeted incorporation of the enzyme 
into CL-rich phases. This specific interaction enables a controlled 
experimental framework in which ATP synthase can be strategically 
localized within defined lipid phases.

The objective of this study was to examine how the rotational ac
tivity of ATP synthase influences the lateral organization of phase- 
separated lipid monolayers. By reconstituting purified E. coli ATP syn
thase [27] into cardiolipin-enriched liposomes and forming monolayers 
at the air–liquid interface, we assessed whether protein activity affects 
domain size and distribution. To confirm the role of rotary motion, we 
compared conditions with and without ATP, as well as with a specific 
inhibitor blocking ATP synthase activity, allowing us to distinguish 
active, rotation-driven effects from passive lipid–protein interactions. 
Building on our observations, the changes in size of lipid domains by the 
rotary motion of ATP synthase follows the 2D version of the Young 
Laplace equation. Specifically, the spinning movement of ATP synthase 
drops the lateral pressure of the protein-enriched phase [21], which 
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drives the size modulation of domains as an attempt to compensate the 
unbalanced surface pressure difference across the fluid–fluid interface.

2. Materials and methods

2.1. Chemicals

Potassium chloride (KCl), magnesium chloride (MgCl2), 4-(2- 
hydroxyethyl) − 1-piperazineethanesulfonic acid (HEPES), N,N′-dicy
clohexylcarbodiimide (DCCD), Adenosine 5′-triphosphate disodium salt 
(ATP) were supplied by Sigma-Aldrich. Alexa 488-NHS was acquired 
from Thermo Fisher (Molecular Probes). Ultrapure water was produced 
from Milli-Q unit (Millipore, conductivity lower than 18 MΩ cm− 1).

2.2. Lipids

1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissamine rhoda
mine B sulfonyl) (ammonium salt) (RhPE), 1,2-dipalmitoyl-sn-glycero-3- 
phosphocholine (DPPC), 1,2-dioleoyl-sn-glycero-3-phosphocholine 
(DOPC), cholesterol and 1′,3′-bis[1-palmitoyl-2-oleoyl-sn-glycero-3-phos
pho]-glycerol (Heart bovine, sodium salt) (CL) were purchased from 
Avanti Polar. Lipids were suspended in chloroform at 1 mg mL− 1 and 
stored at − 20 ◦C.

2.3. Protein purification and fluorescent labelling

Bacterial F1Fo–ATP synthase was purified from native E. coli MG1655 
cytoplasmic membranes as described in [27] and fluorescently labelled 
with fluorescent Alexa 488-NHS as described in [22]. Labelled proteins 
were conserved in stock solution (200 mM sucrose, 10 mM KCl, 10 mM 
Tris HCl pH 8, 0.5 mM DDM) at − 80 ◦C.

2.4. SUVs preparation

Small unilamellar vesicles (SUVs) were prepared using the film lipid 
film hydration method followed by ultrasonication. Desired solution of 
lipids suspended in chloroform (DPPC/Chol/DOPC (50/30/20) or 
DPPC/Chol/DOPC/CL (50/30/10/10); % mol) was deposited in a flask 
after which the organic solvents were evaporated off under vacuum at 
60 ◦C for 10 min. The hydration of lipids was performed by adding 250 
μL of Milli-Q water to the flask containing the dry lipid film allowing 
hydration to occur at room temperature. Solution was sonicated in an 
ice-water bath, to avoid heating of the sample with an ultrasonic tip 
sonicator for 10 min set to 30 % power cycle with a pulse length time 5 
min alternating 5 s on and 5 s off cycles.

2.5. Reconstitution of ATP synthase in proteoliposomes

Protein reconstitution into SUVs was performed by incubation of the 
protein with vesicles at a protein-to-lipid molar ratio of 1:10,000 for 45 
min at 4 ◦C under continuous agitation. The protein lipid mixture was 
centrifuged at 80,000 rpm for 30 min and pellet was resuspended in 
HEPES 20 mM pH 7.4. Solution was put through four cycles of 5 s of 
sonication followed by 5 s of cooling in ice.

2.6. Compression isotherms

Lipid monolayers were formed onto the air–water interface by 
dropwise deposition from a Hamilton syringe of lipids suspended in 
chloroform at 0.17 mM. Water subphase contained 150 mM KCl, 500 
mM MgCl2 and 20 mM HEPES pH 7.4. Lipid mixtures of DPPC/Chol/ 
DOPC (50/30/20), DPPC/Chol/DOPC/CL (50/30/15/5) or DPPC/Chol/ 
DOPC/CL (50/30/10/10) (% mol) were deposited in a teflon bath of a 
Langmuir-Blodgett Nima 611 Trough. The monolayer was allowed to 
rest with the barriers fully expanded for 10 min for solvent evaporation. 
Surface pressure and area were recorded during isothermal compression 

at a barrier speed of 10 cm2/min.

2.7. Monolayer formation by spreading lipids or proteoliposomes

Several µL of suspended solution of lipids in chloroform or proteo
liposomes were spread dropwise on the air–water interface to achieve a 
surface pressure of 20 or 30 mN/m. Lipid compositions were DPPC/ 
Chol/DOPC (50/30/20) or DPPC/Chol/DOPC/CL (50/30/10/10) (% 
mol). For active conditions, ATP was added (3.45 mM ATP final con
centration) into the water subphase after film recording of passive ATP 
synthase lipid monolayers. For Fo inhibition experiment, the same 
external media used for active conditions was complemented with DCCD 
(1 mM final concentration).

2.8. X-ray reflectometry

Again, prior to any measurements, lipid monolayers were spread 
dropwise from solution of lipids in chloroform or proteoliposomes onto 
the air–water interface to the desired surface pressure. Lipid composi
tions were DPPC or DPPC/Chol/DOPC/CL (50/30/10/10) (% mol). X- 
ray reflectometry (XRR) measurements were performed using an 
Empyrean III apparatus (Malvern-Panalytical) adapted for XRR mea
surements in liquids, following the setup described in [28]. Preliminary 
experiments were conducted in the setup available at UNS (Argentina) 
and later completed at Unidad de Rayos X (UCM, Spain), using the same 
equipment and setup developed at UNS. The instrument operates at a 
wavelength of 1.54 Å, generated by a sealed X-ray tube. A focusing X-ray 
mirror with line collimation (1/32″ Mo slit) was employed to enhance 
beam intensity. The device is equipped with a PIXcel 3D detector used in 
0D mode with only five active channels, attached to a parallel plate 
collimator (PPC). A 10 mm mask was used in all experiments. The 
omega-2theta (Ω-2θ) angle was varied between 0.1◦ and 8◦ with a step 
size of 0.0016◦ and a measurement time of 1.5 s per step, covering a 
scattering vector range of approximately 0.004 < q < 0.57 Å− 1. A spe
cific protocol was followed to align the incident X-ray beam with the 
liquid interface periodically to minimize evaporation effects, as 
described in [28]. All experiments were conducted at room temperature 
(~ 25 ◦C).

All data were first fitted and analyzed using a stochastic model- 
independent (MI) method, followed by model-dependent (MD) fitting, 
which was implemented based on the MI results to directly fit the 
electron density profiles obtained from MI calculations [36]. For this, we 
used the StochFit software (REF: https://stochfit.sourceforge.net/). 
StochFit segments the electron density profile into numerous small 
boxes and stochastically varies their electron densities to determine the 
best fit to the measured reflectivity. Additionally, it enables model- 
dependent fitting by performing a stochastic search of the parameter 
space to identify the optimal fit. In StochFit, both MI and MD fitting 
routines rely on reflectivity calculations using a recursive method first 
proposed by Parratt [29]. As mentioned, the electron density profile is 
divided into very thin layers (<1 Å), and the reflectivity at each layer is 
determined by considering the contributions of the layers beneath it, 
starting from the subphase and progressing to the superphase. As a 
result, the final reflectivity at the interface is derived from the cumu
lative effect of all underlying layers on the electron density profile so 
calculated. Once the MI fitting meets the required quality criteria, a 
model-fitting approach is selected to fit the resulting electron density 
profile. In this work, all XRR data were fitted using a two-layer model.

2.9. Fluorescence microscopy

Confocal microscopy images were collected with a Nikon Ti-E 
inverted microscope equipped with a Nikon C2 confocal scanning 
confocal module, 488-nm and 561-nm continuous lasers, emission band- 
pass filters (525 / 50 and dichroic 561LP for the green and red channel, 
respectively) and a Nikon LWD Lambda S 40XC water immersion 
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objective. Domains were imaged using the Nikon Ti-E inverted micro
scope in wide-field fluorescence mode equipped with a Niji LED light 
source (Blue Box Optics Ltd) and an ultrafast Zyla 4.2 sCMOS camera 
(Andor Technology) at 10–20 fps. Monolayers were prepared in a 1 mL 
pool with a 12.56 cm2 area and a small thickness of the water subphase 
consistent with the objective working distance (0.61–0.59 mm).

2.10. Contour analysis and line tension determination

The line tension, γ, of quasi-circular domains can be determined from 
the thermal fluctuations of their average radius (R0). A series of movies 
of protein rich and protein-devoid domains were analyzed with a 
MATLAB script to detect and parameterize the boundary fluctuations 
using a harmonic series in polar coordinates R(ϕ) = R0; where an,t and 
bn,t are the Fourier coefficients for each mode n of a particular frame at 
time t. R0 is defined as the radius of a circle A = πR2

0 with an equivalent 
surface area of the domain. The optimal number of modes to describe the 
contour of domains was n = 12. Additional number of modes did not 
result into a significant change on the line tension value. The line tension 
of each protein domain was obtained by fitting the experimental time- 
averaged amplitudes to the theoretical spectrum derived from the 
equipartition theorem to capillary waves [38]: 

〈a2
n〉+ 〈b2

n〉 =
2kBT
πR0γ

(
1

n2 − 1

)

3. Results and discussion

3.1. Characterization of phase-separated lipid monolayers made of CL- 
enriched lipid compositions

To determine the phase behaviour of spread proteoliposomes we first 
explored whether CL could impair the canonical lipid composition to 
phase separate as long as CL replaced DOPC. We first built the surface 

pressure-area (π-A) isotherm of Langmuir monolayers composed of the 
ternary lipid mixture DPPC/Chol/DOPC (50/30/20 % mol) (Fig. 1A). 
Although the resulting isotherm did not exhibit a horizontal plateau 
characteristic for phase coexistence, fluorescence microscopy revealed 
the presence of lipid domains above surface pressure π > 15mN/m; in 
agreement with the ternary phase diagram in lipid monolayers at the 
air–liquid interface [24]. Rhodamine-PE was used to reveal LE domains 
as this dye partitions into the expanded phase and excluded from the 
cholesterol-rich Lo phase. Close to the surface pressure of π =

20 ± 2mN/m, the monolayer exhibited similar fractions of bright (low 
cholesterol) or dark circular (high cholesterol) domains on a dark or 
bright background, respectively.

To mimic the amount of CL found in native membranes (around 10 % 
mol) [30,31] two different π-A isotherms were obtained by replacing 
DOPC with CL and keeping constant the molar ratio of Chol and DPPC 
(Fig. 1A). As the four unsaturated acyl chains of CL require more area 
than the two unsaturated chains of DOPC, monolayers containing CL 
presented bigger molecular areas. Again, the resulting isotherms exhibit 
a liquid-expanded state but the presence of phase coexistence over a 
broad range of surface pressures was also imaged by fluorescence mi
croscopy. At the packing state of π = 20 ± 2mN/m; the distribution of 
dense domains in a fluid continuous phase or vice versa was not affected 
by the presence of CL as visualized by fluorescence microscopy. Addi
tionally, the compressibility modulus for each lipid composition were 
obtained as the numerical derivative of isotherms; C− 1

S =

A
(

∂π
∂A

)

T
(Fig. 1B). Whereas the addition of CL preserves a similar 

compressibility at low lateral pressures (π ≤ 20mN/m) it endows the 
monolayer with a lower compressibility modulus at higher packing 
states (π > 20mN/m). CL modulates the mechanical properties of 
phospholipid membranes [32,33,34,35]. Its characteristic diphosphati
dylglycerol structure with four acyl chains contributes to the expansion 
of compression isotherms in various PC/CL and PE/CL lipid monolayers 

Fig. 1. A) π − A isotherms of DPPC/Chol/DOPC (50/30/20 % mol), DPPC/Chol/DOPC/CL (50/30/15/5 % mol) and DPPC/Chol/DOPC/CL (50/30/10/10 % mol) 
lipid monolayers at 22 ◦C and at compression rate of 10 cm2/min. B) Compressibility modulus, C− 1

S as a function of the surface pressure of the same monolayers 
shown in A).
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[32,33,35]. As a result, while CL may lower the collapse pressure, it 
enhances mechanical elasticity, which corresponds to a more expanded 
lateral organization [33,35]. Hereinafter, the lateral pressure of π =

20 ± 2mN/m was chosen as a reliable descriptor of both the lipid 
packing and mechanical state, as all monolayers exhibit similar struc
tural and mechanical properties at this pressure. In particular, phase 
separating monolayers containing 10 % mol of CL were used for protein 
incorporation.

3.2. ATP synthase localizes and incorporates in CL-enriched phases of 
lipid monolayers at the air –liquid interface

One approach to forming lipid-protein monolayers might result from 
injecting the protein into the subphase beneath the air–liquid interface 
and allowing it to adsorb onto the lipid layer. However, this method 
introduces several challenges, including a limited control over the lipid- 
to-protein ratio and the potential for proteins to modify unpredictably 
the phase behaviour of the preformed lipid monolayer. Additionally, the 
process requires detergents to facilitate protein solubility and adsorp
tion, which can alter the interfacial properties of the lipid monolayer 
and compromise the integrity of the experimental setup. By instead 
spreading proteoliposomes directly onto the interface, we eliminate the 
need for detergents and retain precise control over lipid-protein 
composition, enabling a more stable and accurate model for studying 
interfacial properties. Here, proteoliposomes were made of DPPC/Chol/ 
DOPC/CL (50/30/10/10 % mol) with a lipid-to-protein ratio of L/P =
10,000 (see Methods). To form the monolayer, several microliters of 
proteoliposomes were then carefully spread drop-wise to the air–liquid 
interface at a final surface pressure of π = 20mN/m. (Fig. 2A).

To confirm the presence of proteins and their preferred location 
within the phase-separated lipid monolayers formed from proteolipo
somes, ATP synthase was fluorescently labelled with Alexa-488 (green 
channel) and lipids were doped with RhPE (red channel). After 
spreading and equilibration at a surface pressure of π = 20 ± 2mN/m, 

the lipid monolayer exhibited distinct phases with the protein prefer
entially localizing within the CL-enriched phase (red channel) (Fig. 2B). 
Colocalization analysis of the fluorescence channels revealed that the 
green fluorescence from the protein overlapped significantly with the 
red fluorescence from the CL-rich regions, indicating selective incor
poration of the protein into this specific lipid phase. This colocalization 
underscores the affinity of the protein for the CL-enriched areas within 
the phase-separated monolayer [25,26]. To assess the specificity of this 
interaction, a control experiment was performed using lipid monolayers 
lacking CL. In the absence of CL, the distribution of ATP synthase 
changed notably. The green fluorescence signal was detected in both the 
Lo and LE phases, indicating a broader and less selective partitioning of 
the protein. This contrasts with the CL-containing monolayers, where 
the protein showed a clear preference for the CL-enriched LE phase 
(Fig. S1). These findings suggest that the presence of CL enhances the 
selective incorporation of ATP synthase into the expanded regions of the 
monolayer, highlighting a specific interaction that is absent when CL is 
removed.

To verify the monolayer structure at the air–liquid interface after 
spreading proteoliposomes, we conducted X-ray reflectometry (XRR) 
experiments (Fig. 3). Initial measurements on pure lipid monolayers 
containing 10 mol% CL were performed after spreading the lipid mol
ecules onto the air–liquid interface, using chloroform as a volatile 
organic solvent. Although lipid monolayers can exhibit phase separation 
(Fig. 1), the reflectivity measurements provide averaged information 
over the area illuminated by the incident X-ray beam due to the drift 
motion of the monolayer. Consequently, the detected signal represents 
an average electron density profile of the components present within the 
illuminated region and can be analyzed using the optical matrix StochFit 
method and software [36] (see Methods).

In this model-independent fitting process, the monolayer’s electron 
density is represented as a series of thin slabs with constant electron 
densities. These densities are adjusted to optimize a mathematical model 
that closely matched the normalized XRR intensities (Fig. 3A). The best 

Fig. 2. A) Diagram the experimental setup of the air–water interface and fluorescence microscopy. Lipid mixtures dissolved in chloroform or proteoliposomes are 
spread at the air–water interface forming a monomolecular layer. In independent dropwise deposition experiments, the volume required to reach a particular surface 
pressure is obtained using a Wilhelmy plate. B) Fluorescence micrograph of a phase separated monolayer of DPPC/Chol/DOPC/CL (50/30/10/10 % mol) with a 
lipid-to-protein ratio of L/P = 10,000 at 20 mN/m. The LE phase (red channel) was labelled with the fluorescent lipid RhPE, whereas the protein was labelled with 
Alexa-488. Merge show a significant colocalization of ATP synthase in the LE phase, likely driven by the specific interaction with CL. The monolayer exhibits areas of 
similar fractions of bright (LE) and dark (Lo) domains. The scale bars are 10 μm. (For interpretation of the references to colour in this figure legend, the reader is 
referred to the web version of this article.)
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fit minimizing the χ2 value provided a smooth electron density profile 
aligned with the experimental data. For pure lipid monolayers, two slabs 
were sufficient to model the XRR profiles: the hydrophilic headgroup 
region and the hydrophobic tail region (Fig. 3A, inset). The model in
cludes as fitting parameters the total thickness (d), the electronic density 
along the perpendicular direction (ρ(z)) and both the rugosity in the 
monolayer-liquid (σm− sph) and monolayer-air (σm− air) interfaces, 
respectively. For comparison, we also measured a DPPC monolayer at 
high surface pressure of π = 40 ± 2mN/m, ensuring that the lipid 
monolayer is in the liquid-condensed (LC) phase. In this phase, the XRR 
curve typically exhibits well-defined interference fringes (Kiessig oscil
lations) due to the high packing density and reduced roughness of the 
monolayer, indicating a uniform electronic density profile, which is 
indicative of a more uniform and ordered interface.

The resulting fits (Fig. 3A), yield a total thickness of dDPPC = 28 ± 1Å 
for the DPPC monolayer, with low monolayer-subphase interface 
roughness (σDPPC

m− sph ≈ 3Å, Fig. 3B), consistent with values reported in the 
literature [37]. For the lipid mixture DPPC/Chol/DOPC/CL (50/30/10/ 
10 % mol) at a lateral pressure of 20 mN/m, the thickness remains 
similar to that of DPPC monolayers (dCLmix = 27 ± 1Å). However, the 
monolayer-subphase interface roughness is slightly higher (σCLmix

m− sph ≈ 4Å) 
(Fig. 3B), likely due to the presence of multiple lipid components with 
varying electronic densities and sizes. This compositional heterogeneity 
leads to a less uniform electronic density, which is captured as an 
increased roughness by the fitting model. Notably, σm− air remains largely 
unchanged (Fig. 3B, inset).

The incorporation of proteoliposomes altered the XRR profiles 
(Fig. 3A). As the reflected signal at low values (larger distances) 

remained unchanged, the formation of a bilayer or three-layered 
structure at the air–liquid interface can be excluded. A key observa
tion was a more pronounced decay in the reflected intensity at higher q 
values compared to the pure lipid monolayer, suggesting increased 
height fluctuations at the molecular scale. As the monolayer thickness 
remained similar, dProteolip = 26 ± 1Å, ATP synthase disrupts the ordered 
lipid monolayer, causing local variations in electron density due to 
heterogeneous protein insertion. The structural complexity of ATP 
synthase likely causes protrusions and depressions, increasing roughness 
and the observed decay is indicative of protein incorporation in the lipid 
monolayer.

The modelling of the electron density profiles provides quantitative 
insights into the structural impact of ATP synthase integration (Fig. 3A, 
inset). Due to the low protein ratio, we fitted the XRR data using the 
same two-slab model, accounting for the electron density and roughness 
at both the monolayer-liquid and monolayer-air interfaces. This 
approach ensures that the ensemble-averaged data effectively captures 
the interfacial changes compared to pure lipid monolayers. First, the 
increase in σm− sph from 4 Å to 11 Å confirms that ATP synthase inte
gration introduces nanoscale roughness (Fig. 3B), altering the overall 
monolayer organization. The roughness values of the monolayer-air 
interface remain very similar across all samples (inset, Fig. 3B), indi
cating that the protein primarily protrudes into the liquid phase, as 
schematized in Fig. 2A. Second, the integrated area under the step-like 
electron density profile revealed a net increase in total electrons per 
unit area (see shaded area in the inset of Fig. 3A), reinforcing the 
conclusion that ATP is synthase successfully incorporated into the 
monolayer. Remarkably, the increase in electron density was observed 
in the lipid polar-head region, suggesting a partial interpenetration of 

Fig. 3. A) Superimposed curves of normalized X-ray reflectivity for pure DPPC (40 mN/m, empty circles), DPPC/Chol/DOPC/CL (50/30/10/10 % mol, 20 mN/m, 
empty squares) lipid monolayers and the monolayer obtained by spreading proteoliposomes (20 mN/m, empty triangles). The points are the experimental results and 
the lines are the fitting curves using Stochfit software. Inset: Normalized electron density profiles as obtained from the XRR curves of the same monolayers in A), by 
fitting with a two-slab model. The electron densities ρ(z) are normalized to the electron density of buffer subphase. Shaded region represents the increase in electron 
density by the presence of ATP synthase B) Roughness of the subphase-monolayer interface (σm− sph) for all the monolayers studied, showing the changes with lateral 
pressure and by the inclusion of the ATP-synthase protein. Inset: Roughness of the monolayer-air interface (σm− air) for the same samples in B).
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the protein into the lipid monolayer. Similar results were obtained at 
lateral pressures π = 30 ± 2mN/m (see Fig. 3B and Fig. S2).

3.3. ATP synthase lowers the line tension of lipid domains

An additional proof for protein incorporation was obtained by 
assessing the line tension of lipid domains both in the presence and 
absence of ATP synthase [38]. Using high-speed video-microscopy, the 
contour fluctuations of bright or dark domains were recorded (Fig. 4A, 
inset). Contours of domains were then parameterized using a Fourier 
series to obtain the weight coefficients. Line tension, γ, was then 
calculated from the capillary wave spectrum, where the equipartition 
theorem distributes the thermal energy into different modes of fluctu
ation according to line tension of the interface. Values of line tension 
were obtained from the linear fit between the time-averaged of squared 
coefficients, 〈a2

n〉+〈b2
n〉 of the fluctuation mode versus 1/

(
n2 − 1

)

(Fig. 4A). We could first determine that line tension did not depend on 
the interfacial curvature, as the obtained values were similar for bright 
and dark domains (γb = 1.0 ± 0.5pN and γd = 0.8 ± 0.7pN for bright and 
dark domains, respectively) (Fig. 4B). Hereinafter, we will consider the 
overall value without considering whether the domain is bright or dark, 
γlipid = 0.9 ± 0.6pN(N = 21). This value is in agreement with data 
established by previous reports [39]. Interestingly, the incorporation of 
ATP synthase into the CL-rich phase reduced the line tension by one 
order of magnitude to γATPsyn = 0.09 ± 0.08pN(N = 15) (Fig. 4B). The 
decrease of line tension reflects a change in lipid interactions within the 
CL-enriched phase by the incorporation of ATP synthase, in agreement 
with XRR data (Fig. 3). As previously shown in other systems [12], a 
decrease in line tension does not modify significantly the domain 
distribution.

3.4. Rotating ATP synthases modulate the size of domains

To determine the effect of protein activity to the dynamics and 
structural properties of lipid domains, ATP was added to the subphase 
(3.5 mM final concentration). After ATP injection, the size of lipid do
mains was noticeably modified after 1–15 min of incubation. Interest
ingly, CL-enriched bright domains increased their size whereas CL- 
voided dark domains became smaller (Fig. 5A). Remarkably, this ef
fect was simultaneously observed in the same field of view on the same 

monolayer exhibiting similar fractions of bright or dark circular on a 
dark or bright background, respectively.

A first explanation for the observed change in the size of lipid do
mains might be sustained by a variation of the line tension, produced by 
the rotary motion of ATP synthases at the fluid–fluid interface. However, 
this mechanism would require a simultaneous increase and decrease in 
line tension in dark and bright domains, respectively. As the curvature of 
lipid domains is much lower than the size of proteins, a curvature-driven 
change in line tension is unlikely to occur. To further investigate this, we 
measured the line tension after the addition of ATP and compared it with 
the line tension in the absence of ATP, finding that it remained of the 
same order of magnitude; γATP

ATPsyn = 0.05 ± 0.02pN(N = 14); or equiva
lently γATP

ATPsyn/γATPsyn = 0.6 ± 0.6 (Fig. 4B).
An alternative mechanism for the size modulation of lipid domains 

by ATP synthase might be grounded on the elastic remodelling of lipid 
membranes by the spinning motion of the protein. Indeed, the rotation 
of the Fo domain of ATP synthase induces a decrease in the lateral 
pressure of lipid membranes [21]. Moreover, the relationship between 
size of lipid domains and difference in the lateral pressure across the 
interface is governed by the 2D version of the Young-Laplace equation: 

Δπ =
γ

R0
(1) 

where Δπ is the surface pressure difference across the interface (higher 
inside; i.e. Δπ = πi − πo), γ is the line tension of the interface and R0 is the 
radius of the lipid domain. A change in Δπ by might lead to a variation in 
the size of domains. To compute the variation in the lateral pressure 
difference by the activity of ATP synthase we take the differential form 
of the Young-Laplace equation: 

d(Δπ) = dγ
R0

− γ

(
dR
R2

0

)

(2) 

This equation implies that the change in the radius of domains is given 
by 

− dR =
d(Δπ)

γ
R2

0 −
dγ
γ

R0 (3) 

Fitting this equation to the experimental data (Fig. 5B) reveals that 
the change in radius is primarily driven by variations in lateral pressure 

Fig. 4. A) Capillary wave spectra of domains in DPPC/Chol/DOPC/CL (50/30/10/10 % mol) monolayers in the absence (diamonds), presence of ATP synthase 
without (full circles) and with ATP (empty circles). Line tension, λ, is obtained from the linear fit of 〈an

2〉 + 〈bn
2〉 plotted vs. 1/(n2 − 1) (see Methods for details). Inset. 

Fluorescence micrograph of a phase separated domain in a DPPC/Chol/DOPC/CL (50/30/10/10 % mol) monolayer. Fourier fluctuation analysis to obtain the 
capillary wave spectrum as calculated from the time-averaged variations in the domain radius compared to the mean radius, R0 (scale bar is 5 µm). B) Box charts with 
the line tension values as obtained from the analyzed domains (N = 21, 15 and 14 for pure lipid monolayers (black and white diamonds represent dark and bright 
domains, respectively), monolayers with ATP synthase in the absence (full circles) and presence of ATP (empty circles), respectively from n = 3 independent 
samples). The box chart includes the mean value (square), the median (horizontal line), the confident interval between quartile Q1 and Q3 (box), and error bars as 
1.5IQR, i.e. the interquartile range = Q3-Q1.
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(first term), with negligible contribution from changes in line tension 
(second term) within the experimental range (d(Δπ)

γ = 0.018 ±

0.004μm− 1; dγ
γ = 0.006 ± 0.03). This observation is in agreement with 

the very similar line tension values observed in the presence or absence 
of ATP (Fig. 4B).

As expected, an increase in Δπ by the activity of proteins outside dark 
domains necessarily leads to dR < 0 and lipid domains decrease their 
size. Analogously, a decrease in Δπ by the activity of proteins inside 
bright domains results into dR > 0 and lipid domains increase their size. 
To explore the behavior in a more simplified manner, we linearize the 
equation with only the quadratic term in log–log scale. 

log(dR) = 2logR0 + log
(

d(Δπ)
γ

)

(4) 

with the absolute values of dR and d(Δπ) for numerical reasons. This 
relationship helps to quantify the influence of ATP synthase’s activity on 
the size of lipid domains in terms of the variation of the difference in 
lateral pressure across the interface and the line tension).

To check if the observed change in size of lipid domains upon protein 
rotation follows the Young-Laplace equation, leading to an active 
modulation of their size, the variation in radius, dR, was plotted as a 
function of the initial radius of domains, R0, before ATP addition 
(Fig. 5B). The plot shows that dR scales quadratically with the initial 
radius of domains, as expected from Eq. (3). This scaling is clearer in the 
log–log plot of the inset, which shows a linear trend with slope of (m =

2.2 ± 0.2), compatible with a slope of 2 as predicted by Eq. (4). Addi
tionally, from the linear fit, we obtained d(Δπ)

γ = 0.018μm− 1 and calcu
lated d(Δπ) using γ, as measured from the capillary wave spectrum 
(Fig. 4). Remarkably, unbalanced pressure differences as small as 
d(Δπ)≈ 10− 9N/m; i.e. d(Δπ)

Δπ ≈ 10− 3, are capable of changing the size of 
lipid domains.

An additional evaluation of the size modulation of lipid domains by 
rotational forces was experimentally addressed using N,N′-dicyclohex
ylcarbodiimide (DCCD, 1 mM final concentration) as a classical inhibitor 
of the ATP synthase. DCCD binds covalently to the spinning Fo domain of 
ATP synthase and thereby blocks its rotation [40]. Under the inhibitory 

conditions with the simultaneous incubation of DCCD and ATP, the size 
of lipid domains remained unchanged (Fig. 5B). Finally, we also eval
uated the effect of incubating pure lipid monolayers with ATP and again, 
the size of lipid domains was unaltered (Fig. 5B). Thus, our results 
demonstrate a direct correlation between protein rotation and the 
change in size of lipid domains in phase-separated monolayers.

3.5. Size modulation is driven by a decrease in the surface pressure of 
protein-enriched phase

To reach these conclusions, we used simplified model systems in 
which membranes consisted of a single lipid monolayer, formed by 
spreading proteoliposomes onto the air–water interface. This approach 
offers the advantage of exhibiting extremely slow relaxation kinetics, 
where domain coalescence occurs over long timescales, keeping the 
domain distribution in a metastable state. Notably, during the experi
mental window, we did not observe significant domain fusion or fission. 
The observed effect of domain size modulation is therefore likely driven 
solely by the activity of the protein within the different CL-enriched 
phases.

CL is frequently seen as a proton trap, as this lipid has two phosphate- 
ester bonds with different pK that can be protonated at lower pH 
[41,42]. The emergence of change in the lateral pressure leading to the 
dynamic control of the size of lipid domains might be then triggered by 
the proton pump activity of ATP synthase close to the lipid interface. A 
localized pH drop near the CL-enriched phase would be the driving force 
for a change in the lipid packing [43,44]. However, lipid packing in 
cardiolipin CL-containing membranes increases at lower pH levels, as 
evidenced by a decrease in the zeta (ζ) potential and an increase in the 
generalized polarization (GP) of Laurdan [44]. Protonated CL reduces 
the long-ranged repulsion between lipid head-groups and as a result, 
lipids are able to pack more tightly within the membrane, leading to a 
denser and more ordered lipid arrangement. As the observed changes in 
domain size requires a drop in the lateral pressure of the CL-enriched 
phase (see Eq. (3)), protonation does not directly determine the 
observed phenomena but it might down-regulate the rotation-driven 
effect though. Alternatively, our observations show that domain size 
modulation aligns with the 2D Young-Laplace equation (Fig. 5), 

Fig. 5. A) Change in size of domains of DPPC/Chol/DOPC/CL (50/30/10/10 % mol) monolayers with a lipid-to-protein ratio of L/P = 10,000 at 20 mN/m and upon 
incubation with ATP. Bright phase is enriched in ATP synthase (see Fig. 2B). Whereas protein-enriched domains increase their size, protein-devoid domains became 
smaller in size. Circular arrows represent the direction of rotation by ATP synthases in bright phases. B) Variation in size of domains as a function of the initial radius. 
Dataset follows the Young-Laplace equation (fitting line corresponds to Eq.3). Inset: The quadratic scaling is better visualized in the log–log plot, with a slope of m =

2.2 ± 0.2, as predicted by Eq. (4). Control experiments in the presence of the specific inhibitor DCCD, blocking the rotatory movement of ATP synthase (empty 
squares) or in the absence of ATP synthase (empty circles) did not exhibit a change in the size of domains upon incubation with ATP.
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confirming that protein rotation reduces the surface pressure of its 
embedded lipid phase [21], thereby driving the unbalanced surface 
pressure difference across the lipid phases.

3.6. Changes in domain size are not operated by mechanical deformation 
or Ostwald ripening

However, our experiments do not directly reveal the underlying 
process by which this surface pressure variation leads to domain growth 
and shrinkage. Either a mechanical or a transport-mediated process, 
among others, might operate the observed effect. In the mechanical case, 
domains would expand or contract without the incorporation of any 
additional lipids, i.e. undergoing stretching or compressing de
formations, respectively. In the transport-mediated case, mass transfer 
in and out of the domains could drive their growth or shrinkage. 
Notably, the observed growth and reduction of domains following ATP 
synthase activation were restricted to domain sizes of 1 to 10μm in 
radius. Suitably, this limitation provides insight into the physical 
mechanism underlying domain size regulation.

Whereas the lower size limit is clearly determined by the optical 
resolution of the imaging system, the upper limit may be governed by 
the referred mechanical or diffusive constraints. One option is that 
mechanical stress, arising from the stretching/compression of domains, 
counterbalances the growth/shrinkage produced by the rotary move
ment of ATP synthase. However, this mechanical stress would likely 
only affect very small domains of R ∼

γ
C− 1

s
∼ 10− 9m far below the micron- 

sized domains observed in our experiments.
Among various mass redistribution mechanisms, ripening typically 

transfers material from smaller domains to larger ones, resulting in an 
increase in the mean domain size and a decrease in the number of do
mains. This process is reversed for protein-devoid domains, where ma
terial would flow into smaller domains. However, we did not observe 
this typical behavior. Instead, the number of domains remained con
stant, further discarding ripening or merging effects. Alternatively, the 
increase/decrease in size after protein activation could involve a diffu
sive transport mechanism of lipids between different phases due to 
activation-induced affinity changes. The characteristic transport time 
for this process ,t = R2/D, is estimated to range from 1 to 100 s for lipid 
diffusivity D ∼ 1μm2/s and radius R ∼ 1 − 10μm. For larger domains, 
these relaxation times may exceed the domain’s lifetime before fusion 
with neighboring same-type domains. Furthermore, the proximity of 
complementary or competing same-type domains could limit the avail
ability of lipids for domain growth/shrinkage. Additionally, the mono
layer character of our experimental system may also play a critical role 
in the observed activation-induced size variations, as lipid monolayers 
present several anomalous hydrodynamic behaviours [45].

4. Conclusions

The size of lipid domains in phase-separated lipid monolayers is 
governed by a complex interplay of physicochemical parameters, 
including line tension, dipole–dipole interactions and kinetics phe
nomena [46]. Traditionally, domain size regulation has been linked to 
variations in line tension, which can be modulated by a number of 
factors, including applied surface pressure, thickness and lipid compo
sition [47]. However, our study presents a novel approach to domain 
size regulation, wherein the surface pressure difference across the 
interface, rather than line tension alone, emerges as a key determinant of 
domain dynamics.

We propose that ATP synthase, through its rotary activity, drives 
changes in the surface pressure of its surrounding lipid phase [21], 
effectively creating an active, driven system capable of modulating lipid 
domain size in a controlled manner. To test this hypothesis, we used a 
simplified model membrane system in which ATP synthase was incor
porated into cardiolipin (CL)-enriched monolayers exhibiting phase 

separation. Unlike bilayer-based systems, lipid monolayers offer the 
advantage of extremely slow kinetic relaxation [6,48], enabling us to 
observe domain dynamics over extended time scales while minimizing 
the effects of merging events. Our experiments confirmed that ATP 
synthase preferentially assembles into CL-enriched domains, reinforcing 
previous findings on its strong affinity for CL-rich environments [25,26].

Remarkably, we observed a dynamic modulation of lipid domain size 
upon ATP synthase activation, a phenomenon that could not be 
explained by passive equilibrium-based mechanisms alone but through 
the rotatory movement of the protein. The observed changes in domain 
size were consistent with a mechanism in which protein activity reduces 
the surface pressure of the rotor-enriched phase, resulting in an unbal
anced pressure difference across the lipid phases. This imbalance drives 
domain expansion and shrinkage in accordance with the 2D Young- 
Laplace equation, providing a mechanistic link between protein func
tion and membrane mechanics.

To further examine the operating mechanism, we ruled out classical 
processes such as Ostwald ripening, domain coalescence and purely 
mechanical deformations; all of which would have led to different time 
scale behaviors or operate only on very small domains. Instead, our data 
suggest a diffusion-mediated process, constrained by the physical 
properties of the monolayer, where lipid redistribution occurs between 
coexisting phases likely due to activation-induced changes in molecular 
packing and affinity.

Overall, our findings establish ATP synthase as an active driver of 
membrane remodeling, demonstrating a functional connection between 
nanoscale protein activity and large-scale membrane organization. 
These results not only provide new insights into how biological mem
branes achieve dynamic control over domain organization [46] but also 
open new avenues for engineering functional nanomaterials. Future 
studies will be crucial in determining whether other membrane proteins 
exert similar effects and how such active remodeling mechanisms 
contribute to cellular membrane homeostasis.
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